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Section 1 – Project Summary  

The Florida Department of Environmental Protection, Office of Resilience and Coastal Protection (RCP) 

project Estimating the historical average body size of Florida oyster populations from death assemblages, 

also known as the historical oyster body size (HOBS) project, seeks to apply a paleoecological approach to 

estimate the historical average body size of oysters on Florida oyster reefs from dead oyster shells buried 

within the reefs. The historical body size data will support RCP’s Statewide Ecosystem Assessment of 

Coastal and Aquatic Resources (SEACAR) project, which aims to assess the status and trends of five types 

of submerged habitats within RCP’s managed areas: oyster reefs, seagrass beds, coral reefs, coastal 

wetlands and the water column. The SEACAR project is being undertaken to improve the ability of habitat 

managers and decision makers to coordinate, prioritize, and evaluate management and restoration efforts 

and to enhance scientifically-based policy decisions and management of local and state coastal and 

submerged lands. Oyster body size was one of the priority indicators selected for analysis under SEACAR 

because it is widely considered a “universal metric” for oyster restoration monitoring.1  

Oyster habitat monitoring programs both within and outside of RCP commonly measure live oyster body 

size as a component of their activities, but historical data on this indicator are relatively scarce. Long-term 

data are important for understanding status and trends of coastal habitats because of their inherent 

variability over short timeframes (e.g., seasonally, annually) and the influences of relatively gradual or 

periodic environmental factors such as climatic cycles or stochastic disturbances such as large storms that 

are unmeasurable from short-term data sets. This data need led RCP to undertake the HOBS Project.  

The reason that oyster body size can be assessed paleoecologically is that reefs are long-lived features of 

the benthic landscape, commonly lasting for centuries or millennia2,3. As reefs grow, the shells of older 

generations of oysters are progressively buried by sedimentation and by new oyster shells as subsequent 

generations of oysters settle atop the reef. This process produces an accumulation over time called a 

death assemblage that is entombed within the reef and is composed of the shells of oysters and other 

fauna (e.g., mollusks, crustaceans, etc.) that lived at the location in the past (Figure 1.1). Importantly, 

these records change slowly over time and tend to incorporate shells of a variety of ages in any given 

sedimentary layer (called a time-averaged condition).4 

Based on these principles, RCP’s HOBS Project seeks to add temporal context to the SEACAR oyster habitat 

status and trends analyses, even in the absence of any historical or long-term monitoring records, by 

collecting oyster death assemblage samples from around the state, measuring the body sizes of oyster 

shells in each sample and conducting geochronological analyses to assess how long ago the measured 

oysters lived. This document describes the protocols followed to accomplish this work. 

                                                           
1 Baggett, L.P., Powers, S.P., Brumbaugh, R., Coen, L.D., DeAngelis, B., Greene, J., Hancock, B., Morlock, S., 2014. 

Oyster Habitat Restoration Monitoring and Assessment Handbook. The Nature Conservancy, Arlington, VA, 
USA. 

2 Surge, D.M., Lohmann, K.C., Goodfriend, G.A., 2003. Reconstructing estuarine conditions: oyster shells as recorders 
of environmental change, Southwest Florida. Estuar. Coast. Shelf Sci. 57, 737–756. 

3Twichell, D., Edmiston, L., Andrews, B., Stevenson, W., Donoghue, J., Poore, R., Osterman, L., 2010. Geologic controls 
on the recent evolution of oyster reefs in Apalachicola Bay and St. George Sound, Florida. Estuar. Coast. 
Shelf Sci. 88, 385–394. 

4 Kowalewski, M., Goodfriend, G.A., Flessa, K.W., 1998. High-resolution estimates of temporal mixing 

within shell beds: the evils and virtues of time-averaging. Paleobiology 24, 287–304. 
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Figure 1.1. – Diagram depicting a hypothetical cross-section of an oyster bed. Red and green arrows 

represent the processes that continuously remove shell from the bed (e.g. dissolution, breakage) and add it 

(e.g. new oyster growth). Oyster shells are buried over time by sedimentation and subsidence, producing 

(a) bed structure, including living and dead oysters at the surface (i.e. surficial tier) and dead shells of 

increasing age with depth in the subsurface tier. As long as shell addition outpaces shell loss, (b) accretion 

(or bed growth) occurs.  

Figure from: Dietl, G.P., Durham, S.R., 2016. Geohistorical records indicate no impact of the Deepwater 

Horizon oil spill on oyster body size. R. Soc. Open Sci. 3, 160763. 
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Section 2 - Sample collection methods: 

1. Sampling areas were selected based on the existence of monitoring data on the body sizes of living 

oyster populations (or plans to collect such data). As with all data aggregated for SEACAR, the 

sampling locations were also chosen only within RCP managed areas. Next, sampling areas were 

further narrowed through consultation with RCP field staff familiar with each area, considering factors 

such as local environmental history (e.g., fishing or restoration activities), current qualitative 

knowledge about reef conditions in each area, past and planned future oyster habitat monitoring 

activities and practical considerations such as accessibility. Finally, some of the proposed sampling 

areas were amended based on feedback from the Florida Department of State Division of Historical 

Resources to avoid disturbing any known archeological sites. See Appendix 1 for a map of the HOBS 

Project sampling locations in relation to RCP managed areas. 

2. Guana Tolomato Matanzas National Estuarine Research Reserve (GTM NERR) staff used an ArcGIS 

script to randomly select up to 12 oyster reefs within each sampling area from the Florida Fish and 

Wildlife Conservation Commission’s statewide oyster habitat map (available from: 

http://geodata.myfwc.com/datasets/oyster-beds-in-florida; accessed 2/7/2019). Depending on 

the sampling location and local conditions on the sampling day, the sampled reefs were chosen 

from among these randomly selected reefs or nearby reefs. 

3. All sampling was conducted at low tide while the reefs were aerially exposed, and the method was 

based on the GTM NERR Oyster Condition Assessment Protocol (GTM OCAP). 

a. A transect tape was stretched across the long axis of each reef, approximately along the area of 

densest oyster growth (Figure 2.1). The transect was extended across the entire reef for reefs less 

than 30m across and in the case of reefs more than 30m across, the transect covered at least 30m 

distance across a portion of the reef with dense oyster growth. 

 
Figure 2.1 – Photograph showing the transect laid out across the long axis of an oyster reef in the Hendry 

Creek/Mullock Creek area of Estero Bay Aquatic Preserve. 

http://geodata.myfwc.com/datasets/oyster-beds-in-florida
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b. A random number generator (e.g., random.org) was used to randomly select either three or five 

distances along the transect, depending on whether local field staff were conducting percent live 

analysis (see GTM OCAP, available upon request from GTM NERR staff). 

c. At three of the randomly selected locations along the transect, a 25cm x 25cm quadrat was laid on 

the reef with one corner at the randomly assigned transect distance and extending 25cm past the 

assigned location (i.e., further down the transect). If local field staff were conducting percent live 

analysis, this step followed completion of those measurements. 

d. Each sample location was documented with photographs before sample collection and the GPS 

coordinates for each were recorded with a Garmin GPSMAP 64st handheld GPS. 

e. The surface layer of shell, containing the living oysters (i.e., the “surficial tier” from Figure 1.1), 

was removed by hand from within the quadrat area to a depth of 15cm. The shell was either 

relocated on the reef surface adjacent to the quadrat location, carried to the edge of the reef and 

rinsed so that measurements could be taken from live oysters at the field location and then 

returned to the reef surface, or collected and returned to the lab for measuring, depending on the 

oyster monitoring practices of the local field staff. 

f. Two sequential 10cm-depth samples of the dead shell and sediments (i.e., the “subsurface tier” 

from Figure 1.1) were excavated by hand from within each sample hole (Figure 2.2), bringing the 

total depth to 35cm. Each 10cm depth increment was bagged separately in a large polyethylene 

bag sealed with a zip tie and labeled with the locality name, reef number, hole number, sample 

number and collection date (Figure 2.3). A waterproof label with the sample code and transect 

distance was also added to each sample bag before it was sealed. 

Figure 2.2 – Photograph showing staff excavating buried dead shells and sediments from a random point 

along the transect line at an oyster reef near New Pass in Estero Bay Aquatic Preserve. 



HOBS project sample processing protocol  v.3.1 - 7/2/2019 
 

7 
 

 

 

Figure 2.3 – A photograph of a project staff member sealing a completed bulk sample with a zip tie after it 

was collected. 

g. Each sample location was documented with photographs again after sample collection was 

complete (Figure 2.4).  

 

 

 

 

 

 

 

 

Figure 2.4 – Example of before (left) and after (right) images of a hand core location on a reef in Pellicer 

Creek, within the Guana Tolomato Matanzas National Estuarine Research Reserve. 

4. All samples were temporarily stored in labeled cardboard moving boxes with packing paper for 

transportation back to Tallahassee and eventually to the Paleontological Research Institution (PRI) in 

Ithaca, New York for processing, data collection and long-term storage. 
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5. Sample collection events and the project staff present for each were as follows (unless otherwise 

noted, staff listed were employees of RCP): 

a. Date: 9/4/2018 

Location(s): New Pass (Estero Bay Aquatic Preserve) – 15 samples collected from 3 reefs 

Staff: Stephen Durham, Cheryl Clark, Stephanie Erickson, Kelsey Lang, Caitlin Brunk (Park Ranger, 

Lovers Key State Park) 

b. Date: 9/5/2018 

Location(s): Hendry/Mullock Creeks (Estero Bay Aquatic Preserve) – 17 samples collected from 3  

reefs. 

Staff: Stephen Durham, Cheryl Clark, Kelsey Lang, Chris Hormuth (EBAP intern) 

c. Date: 9/9/2018 

Location(s): Pellicer Creek (Guana Tolomato Matanzas National Estuarine Research Reserve) –  

12 samples collected from 2 reefs 

Staff: Stephen Durham, Cheryl Clark, Pam Marcum, Ben Mowbray, Dawn Thorsness (GTM NERR  

volunteer), Anna Thorsness (GTM NERR volunteer), Marissa Raymond (GTM NERR 

volunteer), Mason Schilling (GTM NERR volunteer) 

d. Date: 9/10/2018 

Location(s): Matanzas River (Guana Tolomato Matanzas National Estuarine Research Reserve) –  

16 samples collected from 3 reefs 

Staff: Stephen Durham, Cheryl Clark, Pam Marcum, Ben Mowbray, Alicia Bishop (GTM NERR  

volunteer) 

e. Date: 9/11/2018 

Location(s): Pellicer Creek (Guana Tolomato Matanzas National Estuarine Research Reserve) – 6  

samples collected from 1 reef; Guana River (Guana Tolomato Matanzas National 

Estuarine Research Reserve) – 18 samples collected from 3 reefs 

Staff: Stephen Durham, Cheryl Clark, Pam Marcum, Nikki Dix*, Gregory Dietl (PRI), Remo  

Mondazzi* (GTM NERR volunteer) (*present for Guana River sampling only) 

f. Date: 9/13/2018 

Location(s): Jack Island/Wildcat Cove (Indian River Lagoon Aquatic Preserves) – 12 samples  

collected from 2 reefs near Jack Island 

Staff: Stephen Durham, Cheryl Clark, Matthew Anderson, Emily Dark, Gregory Dietl (PRI) 

g. Date: 9/14/2018 

Location(s): Spoil Island SL1 (Indian River Lagoon Aquatic Preserves) – 3 samples collected from  

1 reef 

Staff: Stephen Durham, Cheryl Clark, Matthew Anderson, Gregory Dietl (PRI), Jonathan  

Valentine (Intern with Pelican Island National Wildlife Refuge) 

h. Date: 10/1/2018, 10/2/2018 

Location(s): Goose Island/East Cove (Apalachicola National Estuarine Research Reserve) – 24  

samples collected from 4 reefs 

Staff: Stephen Durham, Cheryl Clark, Jason Garwood, Ethan Bourque, Gregory Dietl (PRI) 
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i. Date: 10/3/2018 

Location(s): Little St. George Island (Apalachicola National Estuarine Research Reserve) – 18  

samples collected from 3 reefs 

Staff: Stephen Durham, Cheryl Clark, Jason Garwood, Ethan Bourque, Gregory Dietl (PRI) 

j. Date: 10/4/2018, 10/5/2018 

Location(s): Lone Cabbage (Big Bend Seagrasses Aquatic Preserve) – 30 samples collected from 5  

reefs 

Staff: Stephen Durham, Cheryl Clark, Tim Jones, Trisha Green, Rebecca Prado*, Richard Noyes*,  

Gregory Dietl (PRI) (*present for sampling on 10/4/2018 only) 

k. Date: 10/29/2018 

Location(s): Lemon Bay (Charlotte Harbor Aquatic Preserves) – 17 samples collected from 3  

reefs 

Staff: Stephen Durham, Cheryl Clark, Mindy Brown, Mary McMurray, David Hersl, Brooke Hamill 

l. Date: 10/30/2018 

Location(s): Big Hickory (Estero Bay Aquatic Preserve) – 18 samples collected from 3 reefs 

Staff: Stephen Durham, Cheryl Clark, Rebecca Flynn, Dustin Philipp (EBAP Intern) 

All samples collected were named based on a hierarchical convention: locality, reef number within each 

locality (typically numbered in ascending order by transect distance), hole number within each reef 

(different hole numbers indicate different locations along each reef transect) and sample number within 

each hole (sample 1 = 15cm-25cm depth and sample 2 = 25-35cm depth, unless otherwise noted). These 

data were combined into codes for each sample: [Locality code] R# H# S#, where R#, H# and S# refer to 

the reef number, hole number and sample number, respectively. See Table 2.1 for a list of locality codes. 

Table 2.1 – A table showing the relations between localities and sample naming information. * indicates a 

reef for which not all holes were collected or which had one or more incomplete holes. † indicates a reef 

with samples 25cm x 25cm x 15cm volume instead of the typical 25cm x 25cm x 10cm. 

Managed area Locality name Locality 
code 

Reef number Hole number Sample 
number 

Apalachicola NERR Little St. George Island LSG R1, R2, R3 H1, H2, H3 S1, S2 

Apalachicola NERR Goose Island/ East Cove GI-EC R1, R2, R3*, R4 H1*, H2*, H3 S1, S2 

Big Bend Seagrasses AP Lone Cabbage LC R1, R2, R3, R4, R5 H1, H2, H3 S1, S2 

Estero Bay AP Hendry Creek/ Mullock 
Creek 

HC-MC R1, R2, R3* H1*, H2, H3 S1, S2 

Estero Bay AP New Pass NP R1†, R2, R3* H1, H2*, H3* S1, S2 

Estero Bay AP Big Hickory BH R1, R2, R3 H1, H2, H3 S1, S2 

Guana Tolomato 
Matanzas NERR 

Guana River GR R1, R2, R3 H1, H2, H3 S1, S2 

Guana Tolomato 
Matanzas NERR 

Matanzas River MR R1, R2, R3* H1, H2, H3* S1, S2 

Guana Tolomato 
Matanzas NERR 

Pellicer Creek PC R1, R2, R3 H1, H2, H3 S1, S2 

Indian River Lagoon APs Spoil Island SL1 SI R1 H1, H2, H3 S1 

Indian River Lagoon APs Jack Island/ Wildcat 
Cove 

JI-WC R1, R2 H1, H2, H3 S1, S2 
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Section 3 - Sample processing protocol: 

1. Remove a bulk sample from its box, make sure it is a “Sample 1” (i.e., it is from the 15-25cm depth 
interval). See Section 2 and Table 2.1 for an explanation of the sample naming convention. 

2. Check the sample in using the SharePoint site5. 

3. Indicate washing is in progress on the SharePoint site and select the washing technician. 

4. Place a 1.9mm mesh sieve into the sink and then nest a 6mm sieve on top. Place another coarse sieve 
next to the stacked sieves. 

5. Remove the waterproof sample label from the 
inside of the bag and empty the bulk sample 
contents into the middle of the top sieve in the 
stack (Figure 3.1). Wear gloves because the oyster 
shells can be sharp. 

6. Save an archival sediment subsample by filling a 
6”x9” plastic bag with some of the bulk sample 
material. Try to avoid including measurable oyster 
shells in the subsample. The subsample volume may 
vary depending on the amount of sediment in the 
bulk sample, but try to fill at least a quarter of the 
bag. Be sure to label the new subsample with the 
sample information from the bulk sample bag. 

7. Ensure the bulk sample bag is completely empty by 
rinsing it thoroughly with water. Be sure to dump 
the water over the sieves to capture rinsed 
material. Then, begin washing the bulk sample 
material gently down through the stacked sieves.  

8. As large shells and fragments are cleaned, place 
them into the sieve on the side (from Step 4). As 
the washing progresses, begin sorting the large shells by completeness and shell type (fragments, 
complete left valves, complete right valves and paired valve specimens; Figure 3.2; See Figure A2.2 for 
an example of a paired valve specimen). See Appendix 2 for a description of how to tell right and left 
valves apart. See Appendix 3 for a description of how to assess valve completeness. 

9. Once all sediment is washed out of the sample, place a label with the sample information into each 
sieve, insert a plexiglass panel into the notched bottom of the fine sieve and place all three sieves in 
the drying cabinet (Figure 3.2). The fine sieve with the plexiglass panel should be placed beneath the 
two coarser sieves to prevent contamination of lower sieves in the drying cabinet by falling shell 
fragments. Make sure that the fan in front of the drying cabinet and the fan on top of the drying 
cabinet are both turned on and running. 

                                                           
5 A Microsoft Sharepoint site was used to track progress and manage body size data collected for the 

HOBS project. 

 

Figure 3.1 – Picture showing the sieve set up 

in the sink and a bulk sample ready for 

washing. 



HOBS project sample processing protocol  v.3.1 - 7/2/2019 
 

11 
 

10. Be sure to always include labels with the sample information in every sieve or other container used 
throughout the sample processing. It is very important that every part of the sample has a label 
included that identifies it at all times, otherwise it can be very easy to mix up materials from different 
samples. 

Figure 3.2 – Picture showing a washed sample just prior to being moved to the drying cabinet. Note the 
different sieve sizes; from left to right they are >2mm, >6mm, and the sorted large shells and fragments. As 
noted in the text, it is very important that each sieve has its own label. 

11. Mark the washing process for that sample as “completed” in the sample status list on the HOBS 
Project SharePoint site. 

12. Once a sample is dry, remove the sieves from the drying cabinet and mark the sorting process for the 
sample as “in progress” in SharePoint. 

13. Collect complete oyster shells (left or right valves) from the 6mm fine material. This can be made 
easier by dumping the fine material out onto a clean countertop (Figure 3.3). See Appendix 2 for a 
description of how to tell right and left valves apart. See Appendix 3 for a description of how to assess 
valve completeness. 

https://floridadep.sharepoint.com/fco/seacar/hobs/HOBS Photos/LSG R2_H2_S1 Washed.jpg
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Figure 3.3 – A photograph of a lab technician sorting measurable oyster shells from the ~6mm fine fraction 
material on a clean countertop. 

14. Finalize the sorting of the oyster shells that was begun during the washing process with piles for: 1) 
articulated specimens, 2) complete/measurable left valves, 3) complete/measurable right valves, 4) 
unmeasurable fragments and 5) non-oyster remains (if present). 

15. Bag up the fines (6mm and 2mm separately) – be sure to 
include a temporary label in each bag! 

16. Lay out the complete/measurable disarticulated left and right 
valves on a clean countertop and check for matches between 
them (Figure 3.4). All matches should be moved to the paired 
valve specimens group in the sieve. Keep in mind that some 
right valves may match left valves attached to already paired 
specimens. Standardize effort between samples by spending a 
maximum of approximately 1 hour on the matching task for 
each sample. 

17. Place each sorted pile into an appropriately sized plastic bag 
and include an archival paper label with the sample 
information printed on it in each bag (the label should include 
the locality name, reef number, hole number, sample number, 
collection date and bag contents). The handheld printer may 
be used for this step, just select the appropriate label image 
file for the locality and edit the other sample information as 
needed.6 

18. Mark the sorting process for the sample as “completed” in the HOBS Project SharePoint site. 

                                                           
6 A Reiner handheld inkjet printer was used to make the label-making task more efficient and to ensure legibility of 
the labels. 

Figure 3.4 – Picture showing left 

and right valves laid out and 

ready for matching. 

https://floridadep.sharepoint.com/fco/seacar/hobs/HOBS Photos/HC-MC R1_H2_S1 Sorting.JPG
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19. Once all of the sorted sample components are in labelled plastic bags, then put all bags associated 
with a single sample into an archival storage box (Figure 3.5). Include sample information on the 
outside of the box (shorthand is fine, i.e., locality code and “R# H# S#” format – see Table 2.1). 

Figure 3.5 – Photograph of a completely sorted, boxed and labeled sample, ready for long-term storage. 

20. Mark the sample boxing for the sample as “completed” in SharePoint.  

21. From SharePoint, open the Excel Online data file linked in the sample’s record in the Sample Status 
List. Double check that the data sheet that opens is the correct one for the sample to be measured. 
Change the Measured status for that sample to “In Progress” in the Sample Status List and select the 
technician. 

22. Lay out all complete/measurable left valves in the sample on the countertop and apply specimen 
numbers to each one. As you go, keep track of the specimen numbers applied by listing them in the 
Excel data sheet from SharePoint. See Appendix 2 for a description of how to tell right and left valves 
apart. See Appendix 3 for a description of how to assess valve completeness. 
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➢ Each shell should be labelled on the interior surface 
and underlined to make it easier for the number to 
be identified, particularly given cases where the 
number can be interpreted multiple ways (e.g., “68” 
looks like “89” if held upside down, so instead of 
only writing “68”, the label should be “68”). When 
possible, the hinge should be oriented below the 
number as well for further consistency (Figure 6). 
Finally, marker ink fades over time and can rub off if 
shells scrape against one another in storage, so thin, 
smudged, or unclear labels can easily become 
illegible—be sure to make markings bold and clear! 

➢ Very small or fragile oyster shells should be put into 
small centrifuge tubes or other solid containers to 
protect them. The label can be written on the tube 
rather than the shell in these cases as long as each 
contains only a single specimen. 

23. Once all complete/measurable specimens have been 
numbered, measure the shell height (“LV_H”) of each 
numbered left valve specimen in millimeters using digital 
calipers (Figure 2.7). Enter the data into the SharePoint 
spreadsheet for the sample (opened in step 22) in the 
cells corresponding with the appropriate specimen 
number. 

➢ Be sure to close the calipers all the way between 
specimens periodically to ensure they have not 
drifted at all. If the caliper does not read zero when 
they are closed, wipe the contact surfaces and try 
again. If it still does not read zero, then the calipers 
should be re-zeroed. 

➢ Shell height should be measured as the longest distance between the umbo and the growth 
margin (Figure 3.7). 

 

68 

 

Figure 3.6 – An appropriately labeled 

oyster left valve. The number is bold, 

clear and underlined to avoid 

ambiguity. It is also oriented above 

the hinge for added consistency. 

Modified from line drawing on p. 30 of Galtsoff, P. 

S. (1964) The American Oyster, Crassostrea 

virginica. Fishery Bulletin of the Fish and Wildlife 

Service, Vol. 64, 480pp. 



HOBS project sample processing protocol  v.3.1 - 7/2/2019 
 

15 
 

Figure 3.7 – Photograph showing the measurement of left valve height using digital calipers. Left valve 
height is measured as the longest distance between the hinge area (umbo) of the oyster, including the 
resilifer, and the shell growth margin. 

24. When all specimens have been measured, mark the measuring status for the sample as “completed” 
in SharePoint. 

25. An approved staff member must do a final check on each completed sample, making sure that the 
sorting and labeling are correct and spot checking a few measurements in the data sheet for proper 
measuring. After the final check, the check should be marked as “completed” in SharePoint and the 
sample is considered completed at this point.  
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Section 3 - Quality Assurance Procedures 

A number of factors might influence the accuracy of the body size data collected from oyster death 
assemblage samples, repeatability of our analyses, the future use of the oyster collection and the security 
of the data. Our protocol takes these factors into consideration and we have implemented measures to 
ensure that the data collected for the historical oyster body size project are high quality.  

1. Accuracy of the body size data 
Our goal with the body size measurements was to obtain repeatable, high-quality measurements of 
the left valve heights of oyster specimens that were at least ~90% complete. Concerns about the 
accuracy of the body size data are primarily related to two factors: good estimation of oyster valve 
completeness and consistency and accuracy of the shell measurements.  

Our procedure for making shell completeness determinations was necessarily somewhat subjective, 
but was based on the experience of similar work with oysters in the past, involving tens of thousands 
of shells of varying shapes and sizes. We considered several key attributes for judging each shell’s 
completeness, including presence of a commissural shelf, evidence of significant breakage or flaking, 
the ratio of resilifer length to overall valve height and the distance from the distal growth margin to 
the adductor muscle scar. See Appendix 3 for a detailed description of how we assessed valve 
completeness, including illustrated examples. Only left valve specimens that were judged to be at 
least ~90% intact along the shell height dimension were assigned numbers and measured for this 
project. 

The second factor influencing accuracy of the body size data is the accuracy and repeatability of the 
caliper measurements (Figure 3.7). To assess the comparability of measurements taken by different 
project team members, all members were given the same set of 51 shells to measure, including 
various sizes, during their onboarding to the project. Repeated measurements of the same shell were 
considered acceptably similar if they were within 2mm of each other. This allowed discussion of any 
discrepancies before any “real” project data were collected by a new team member. Additionally, 
electronic calipers with a USB data entry cable were used to prevent transcription errors during data 
entry and the final check of each completed sample included spot checks of about 10 shell 
measurements by the project leader to guard against any undetected equipment malfunctions or 
widespread measuring issues within a particular sample. 

2. Repeatability and transparency of our analyses 
In order that the body size analyses for this project can be completely reconstructed and audited by 
others, each specimen measured for the project has been assigned a number corresponding with the 
project data file entries of the measurements taken on the specimen. The samples were 
comprehensively labeled and curated for long-term storage at the Paleontological Research 
Institution, where they are available for examination by the public. A Microsoft SharePoint site was 
used to facilitate tracking the progress of the sample processing and data collection tasks, including 
recording the names of technicians working on each step for each sample and tracking version 
histories of all data files created for the project. 

3. Sample curation procedures and redundant labeling 
The samples were treated with their future use as a reference and for research in mind. They were 

curated to museum community standards (e.g., use of polyethylene reclosable bags for containing 

sample components, archival paper for labeling, and archival boxes for long-term storage). Each 

sample component had individual labels in addition to each box being labeled with a sample code 

allowing sample identities to be easily determined and ensuring that materials from different samples 
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will be difficult to mix up. All specimen numbers, locality names, dates, and other label information 

with each sample correspond to the information in the project’s data files and the SEACAR database. 

4. Backups and workflow procedures to mitigate risk of data loss and facilitate quality control 
The use of a Microsoft SharePoint site as the hub for all project data files, photographs, report 
documents and progress tracking allowed controlled access to project materials only by approved 
team members. This set up also allowed all data collected to be instantly stored at the Florida 
Department of Environmental Protection instead of being collected on and transferred from third 
party computers. The sample tracking library on the SharePoint site also allowed tracking of progress 
on the processing of and data collection from each sample as well as the names of the technician(s) 
working on each step. The electronic workflow also included file versioning, helping to mitigate risks of 
data loss due to file corruption issues or human error. The final step of the lab work protocol was a 
final check by the project leader of each completed sample including checking the quality of sample 
sorting and processing, label correctness and legibility and spot checking measurement data and the 
proper documentation of the sample history in the project’s online SharePoint site. 

  



HOBS project sample processing protocol  v.3.1 - 7/2/2019 
 

18 
 

Appendix 1 – HOBS Project sampling locations  
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Appendix 2 - Identifying the left vs. right valve:  

 

Oysters are “monomyarian” bivalves, meaning they only have one adductor muscle – the posterior one 
(the anterior muscle is lost during settlement and metamorphosis). Therefore, the adductor muscle scar is 
always on the posterior side of the shell (i.e., if the shell interior is viewed with the hinge at the top as in 
the figure below, the muscle scar is on the right side of the shell in the right valve and the left side of the 
shell in the left valve). Figures A2.1 – A2.3 will help identify left versus right valves and order of 
settlement. Note that Crassostrea oysters always settle and attach themselves to surfaces by their left 
valves. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure A2.1 – Diagram showing important anatomical features of the right and left valves of Crassostrea 
virginica. 

Modified from Figure 1 in Fox, R. (2007) Invertebrate Anatomy OnLine: Crassostrea virginica, American oyster. Online at: 

http://lanwebs.lander.edu/faculty/rsfox/invertebrates/crassostrea.html. Oyster right valve and left valve drawings from p. 17 and p. 30, 

respectively of Galtsoff, P. S. (1964) The American Oyster, Crassostrea virginica. Fishery Bulletin of the Fish and Wildlife Service, Vol. 64, 480pp. 
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Figure A2.2 – Photograph of a paired-valve specimen from New Pass (Estero Bay, FL), labeled with shell 

features. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure A2.3 – Diagram illustrating the order of settlement. All attached valves are left valves. *Note that 

the settlement order of the two smaller size classes in this case is only distinguishable if the oysters were 

collected alive; otherwise we only know that they all settled after the large oyster they are attached to. 

Modified from line drawing on p. 31 of Galtsoff, P. S. (1964) The American Oyster, Crassostrea virginica. Fishery Bulletin of the Fish and Wildlife 

Service, Vol. 64, 480pp.  
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Appendix 3 – Determining valve completeness: 

1. Note general patterns in the shape and size of the complete paired oyster valves in the sample. A 

complete paired valve specimen is one which has both the right and left valve present (e.g., Figure 

A2.2) and, when the valves are fit together their margins are appressed (touching or very close to 

touching) all the way around the specimen. The following factors should be noted (see Figure A3.1 

below for illustrations of the valve completeness determination): 

a. Do the oyster specimens tend to be long and skinny or short and rounded?  

b. How prominent is the commissural shelf and are the valves unequal or commarginal (meaning in 

cases where the valve margins meet, indicating a complete specimen, does the left valve 

overhang the right valve or do their edges match? Note the right valve should not overhang the 

left valve, so if this is the case the left valve is almost certainly broken. 

c. Is ornamentation that extends beyond the valve margins common?  

d. How far does the shell extend beyond the adductor muscle scar in the complete specimens? 

e. What are the relative sizes of the resilifers compared to the overall complete specimen heights? 

2. To determine whether non-paired valve specimens are complete enough for labeling and 

measurement, the factors mentioned in step 1 should be considered again with the observations of 

the same characteristics in the complete specimens from step 1 as a guide. Generally, multiple 

characteristics mentioned in step 1 must be observable and considered together to make a 

determination, but not all characteristics need be observable or indicative of completeness for a 

specimen to be measurable. For instance, the muscle scar of the focal left valve might be obscured by 

a second left valve from an oyster that settled and grew on the interior surface of the focal valve. Even 

if its muscle scar is obscured, if the focal valve’s outline seems complete, with the commissural shelf 

visible all the way around the specimen and the ratio of resilifer length to overall valve height is 

consistent with observations of the complete paired-valve specimens, the focal valve may still be 

considered measurable. See Figure A3.2 for examples of valve completeness determinations. 

 

 

 

 

 

 

 

 

 

 

Figure A3.1 – Photo panels illustrating the oyster specimen features important for determining valve 

completeness of at least ~90%. The specimen shown is #136 from New Pass (Estero Bay, FL). 
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Figure A3.2 – Photo panels illustrating measurable and unmeasurable left valves. Each panel has an 

individual caption explaining the determination. All specimens shown are from New Pass (Estero Bay, FL). 

 

✓ Measurable. Even though there is some 

edge damage, the specimen is measurable 

because portions of the commissural shelf 

are visible around the specimen, the resilifer 

length to valve height ratio is consistent 

with other complete specimens in the 

sample, and although the muscle scar is 

covered by other left valves, there is 

substantial distance between these 

specimens and the distal growth margin. 

A. 

✓ Measurable. Although there is not much 

distance between the muscle scar and the 

shell margin on this left valve, there is only 

minor edge damage and the commissural 

shelf is visible around the specimen. The 

resilifer length to valve height ratio, though 

relatively high, is reasonable considering the 

complete specimens. To illustrate this 

conclusion, the matching right valve is shown 

in the inset. 

B. 

 Unmeasurable. There is relatively little 

distance between the muscle scar and the 

shell edge, the distal growth margin is jagged 

and interrupted, with obvious breakage 

and/or flaking of shell layers. The commissural 

shelf is not visible in the distal growth margin. 

To illustrate this conclusion, a ventral view of 

the left valve paired with its matching right 

valve is shown in the inset. Note the wide gap 

present at the distal growth margin, indicating 

the specimen is significantly broken. 

C. 


